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ABSTRACT: We report here a new approach to mimicking
photosynthesis that relies on supercomplexed lipid nanoassemblies
to organize small organic species for coordinated light harvesting,
energy/electron transfer, and photo-to-electrochemical energy
conversion. Specifically, we demonstrate efficient photoinduced
electron transfer (PeT) between rhodamine and fullerene assembled
together via electrostatically bound liposome and lipid bilayer hosts.
The remarkable impact of the lipid matrix on the photoconversion
efficiency is further revealed by cholesterol, whose addition is found
to modify the distribution and organization of the coassembled
rhodamine dyes and thus their photodynamics. This significantly
expedites the energy transfer (ET) among rhodamine dyes, as well as
the PeT between rhodamines and fullerenes. A respectable 14%
photon-to-electron conversion efficiency was achieved for this
supercomplexed system containing 5% rhodamines, 5% fullerenes, and 30% cholesterol. The morphology, photodynamics,
and photoelectrochemical behavior of these lipid supercomplexes were thoroughly characterized using atomic force microscopy
(AFM), fluorescence microscopy, steady-state and time-resolved fluorescence spectroscopy, and transient absorption (TA) and
photoaction spectroscopy. A detailed discussion on enhancement mechanisms of cholesterol in this lipid-complexed
photosynthesis-mimicking system is provided at the end.

■ INTRODUCTION

The grand scale and harmonious blend of efficiency and
sustainability make natural photosynthesis an inexhaustible
source for us to learn and develop new approaches to effective
solar energy utilization. Although the components and
architectures involved in the photosynthetic apparatus vary
rather greatly among different species, a general operating
scheme exists,1−3 in which lipid membrane-bound proteins
assemble various pigments and cofactors mostly noncovalently
to carry out coordinated energy and charge transfer at specific
locations. Through these supercomplexed cross-membrane
networks, the harvested light energy is directionally funneled
to the charge-separation sites, and the subsequent electron
transfer is coupled, for example, in the case of green plants, to
proton translocation across lipid membranes to build up proton
motive force for biochemical fuel production. To construct
robust biomimetic systems following these design principles,
however, one immediately faces what may be called the protein
paradox. On one hand, a protein-free system is desirable
because photosynthetic proteins are fragile and unattainable
synthetically, which unfortunately often leads to function loss
and compromised performance. To start to address this
fundamental issue, we report here a new protein-free, hybrid

mimetic strategy that relies on supercomplexed lipid nano-
assemblies to organize small organic species for coordinated
light harvesting, energy/electron transfer, and photo-to-electro-
chemical energy conversion. Owing to their biological
significance and versatility in molecular assembling, several
lipid structures including liposomes (vesicles)4,5 and lipid
bilayers6,7 have been actively used to mimic various aspects of
natural photosynthesis.8 Herein, we demonstrate that these
lipid building blocks can be further assembled into higher-order
architectures to mimic several key processes in photosynthesis
with promising efficiency.
One natural system that we have drawn particular inspiration

from is green sulfur bacteria (GSB),9,10 which are anoxygenic
photosynthetic bacteria that have evolved a relatively simple
architecture to survive extremely low light conditions. To
maximally capture the limited photons available, GSB have
developed the largest light-harvesting complex in nature, that is,
the chlorosomes,11,12 each typically containing >200 000
bacteriochlorophylls (BChls) and carotenoids self-assembled
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into multilamellar tubular aggregates that are wrapped in a
monolayer of chlorosome proteins and lipids (Figure 1A).

Within these aggregates, the BChls display a Qy absorption
maximum at 740−750 nm. A quasi-crystalline region called
baseplate13 (Figure 1B) forms within the monolayer sheath of
the chlorosome, which further connects the chlorosome with
another photosynthetic component, the Fenna−Matthews−
Olson (FMO) protein14 (Figure 1C), at the bottom. The
baseplate primarily comprises protein CmsA and BChl a and
has a λmax (Qy) at 790−800 nm, whereas BChls in the FMO
complex exhibit peak absorption at ∼815 nm.15 The FMO
proteins are aqueous-exposed trimers that affix the reaction
center (RC, Figure 1D) complex typically by a 2:1
stoichiometry.16 Together, this four-tier architecture ensures
the harvested light energy to be efficiently funneled through an
energy transfer (ET) cascade:10,11 chlorosomes → baseplates
→ FMO → RC, and only at the last stop is the light energy
converted to electrochemical energy via charge separation and
transfer.
Clearly, the success of a protein-free mimicking system

depends on how well these sophisticated protein-enabled
functions can be replaced or compensated, which, to the
minimum, entails a structural scaffold that can organize all
involved components into desired locations and facilitate
directional energy and electron flows. In this work, we set to
explore the potential of supercomplexed lipid nanostructures in
filling these roles. Specifically, we have discovered a robust
electronic communication between rhodamine and fullerene
organized in these lipid nanoassemblies and cholesterol as a
significant enhancer of the overall photoconversion efficiency.
The structure, performance, and underlying enhancement
mechanisms are investigated in detail.

■ EXPERIMENTAL SECTION
Chemicals. Lipids, including 1,2-dioleoyl-sn-glycero-3-phospho-

choline (DOPC), 1,2-dioleoyl-3-trimethylammonium-propane
(DOTAP), 1,2-dipalmitoyl-sn-glycero-3-phosphocholine (DPPC),
1,2-dipalmitoyl-sn-glycero-3-phospho-rac-(1-glycerol) sodium salt
(DPPG), and 1,2-dipalmitoyl-sn-glycero-3-phosphoethanolamine-N-
(lissamine rhodamine B sulfonyl) (ammonium salt) (Rho-DPPE),
were purchased from Avanti Polar Lipids (Alabaster, AL).
Paraformaldehyde and glutaraldehyde were obtained from Electron
Microscopy Sciences (Hatfield, PA). Monomalonic fullerene C60 was
synthesized according to a procedure described previously.7 Other
chemicals, including cholesterol, 4-(2-hydroxyethyl)piperazine-1-etha-
nesulfonic acid (HEPES), (+)-sodium L-ascorbate, 1-dodecanethiol, D-
(+)-glucose, glucose oxidase from Aspergillus niger, and catalase from
bovine liver, were obtained from Sigma-Aldrich. All solutions
employed in this work were prepared using 18.2 MΩ·cm deionized
(DI) water (Millipore).

Formation of Two-Tier Lipid Nanoassemblies. The formation
of a single lipid bilayer on glass or indium tin oxide (ITO)-coated
substrates was achieved by lipid fusion using liposome solutions.7

Before the exposure to liposome solutions, the substrates were first
sonicated in acetone for 30 min and then boiled with base piranha
solution (NH3·H2O/30% H2O2/DI water, 1:1:5, v/v) for another 30
min. These substrates were subsequently sonicated in DI water for 10
min, thoroughly rinsed with DI water, carefully dried with an argon
stream, and then assembled in Teflon cells for further use.

The preparation of liposomes was carried out using an extrusion-
based method.7 To start, appropriate quantities of lipids dissolved in
chloroform were combined into a 50 mL round-bottom flask and
thoroughly dried by rotary evaporation. The resulting thin lipid film on
the flask wall was then rehydrated with HEPES buffer (10 mM
HEPES, 100 mM NaCl, pH 7.70) by 1 h sonication at a temperature at
least 10 °C above the phase transition temperatures (Tm) of the
involved lipids. Such lipid suspensions were then extruded
consecutively through polycarbonate membranes with 400 and 80
nm pores (Nuclepore, Whatman), again above their Tm. The final
concentration of the as-prepared liposomes is typically ∼2.5 mM. For
the preparation of liposomes containing fullerene, membranes of 400
and 200 nm pore sizes were used instead.

To form a lipid bilayer on glass or ITO-coated glass substrates, a
300 μL thus-prepared liposome solution composed of 5% C60, 20%
DOTAP, and 75% DOPC (in mole fraction) was gently laid on a
freshly cleaned substrate and incubated for 2 h. After that, the
unbound liposome was removed by thorough buffer exchange (10 mM
HEPES, 100 mM NaCl, pH 7.70). To assemble an additional layer of
liposomes onto the above-described cationic lipid bilayer, 200 μL of
anionic liposomes (Rho-DPPE/DPPG/DPPC, 5/15/80, or, Rho-
DPPE/DPPG/cholesterol/DPPC, 5/15/30/50, in mole fraction) was
added into the Teflon cell housing the lipid bilayer and incubated for 1
h. The unattached liposomes were similarly removed from the cell by
exchanging with HEPES buffer.

To ensure reproducibility, all subsequent measurements of these
two-layer lipid nanoassemblies were conducted on the same day of
their preparation.

Fluorescence Microscopy. Fluorescence images of lipid samples
deposited on glass substrates were collected on a Nikon A1+/MP
confocal scanning laser (561 nm) microscope (Nikon Instruments,
Inc., Melville, NY) together with a 595 ± 25 nm emission filter.

Spectroscopy. Absorption spectra of liposome samples containing
Rho-DPPE were acquired on a UV−Vis spectrophotometer (Cary 50
Bio, Varian). Steady-state fluorescence spectroscopy data of the two-
tier lipid nanoassemblies formed on glass substrates were recorded
using a PI Acton spectrometer (SpectraPro SP 2356, Acton, NJ)
connected to the side port of an epifluorescence microscope (Nikon
TE-2000 U, Japan). The fluorescence signal was recorded using a
charge-coupled device (CCD) camera (PI Acton PIXIS: 400B, Acton,
NJ) attached to the spectrometer. The excitation was provided by a
mercury lamp (X-Cite 120, EXFO, Ontario, Canada) filtered at 475 ±
20 nm; and a long-pass filter with a cutoff wavelength of 561 nm was

Figure 1. Organization of photosynthetic components in GSB. (A−
D): the chlorosome (part), baseplate, FMO protein, and RC. Energy
and electron flows are depicted by red and black arrows, respectively.
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used for emission. The obtained spectra are not corrected for
distortions due to spectral nonuniformity associated with the filters
and CCD camera, which are expected to be small.
Fluorescence lifetimes of rhodamines either suspended in buffer

solutions or assembled in the two-tier lipid nanoassemblies were
measured using a time-correlated single-photon counting system,
which comprises a synchronizer/analyzer (PicoHarp 300, PicoQuant,
Germany), a picosecond pulsed diode laser (PDL 800-B, wavelength:
405 nm), and a single-photon counting module (PDM Series, Micro
Photon Devices, Italy). In the former case, a quartz fluorometer cell
(Sub Micro type, Starna Cells, CA) was used to hold liposome
solutions; the final rhodamine concentration in all samples was
controlled to be ∼0.5 μM. To be able to capture fluorescence signals
emitted directly from the lipid nanoassemblies, this system was further
coupled to a fluorescence microscope (Nikon TE-2000U), in which
both the laser head and the photon counting module were directly
mounted onto the microscope and optically aligned. All lipid samples
were formed on glass substrates (Corning, Micro Slide 2947), in which
all bottom lipid bilayers contain DOPC/DOTAP in an 80/20 mixing
ratio with/without five additional fractions of C60. Throughout the
measurements, the laser head was operated at a repetition rate of 10
MHz. According to the manufacturer, this laser produces a minimum
pulse width of 59 ps and a power of 29 pJ/pulse. All lifetime data were
fitted by the exponential-tail fit method included in the fitting software
package, FluoFit (PicoQuant, Germany). Oxygen was removed from
all media by purging argon for at least 30 min right before the
fluorescence measurements.
Transient absorption (TA) spectra were recorded with a pump−

probe spectrometer based on a regenerative amplified titanium−
sapphire laser system (Coherent Legend, 800 nm, 150 fs, 2.5 mJ/pulse,
and 1 kHz repetition rate). Liposome samples with a total lipid
concentration of ∼2.5 mM in HEPES buffer (10 mM HEPES, 100
mM NaCl, pH 7.70) were excited using a pump pulse with a center
wavelength of 515 nm obtained by sum frequency generation of the
signal from an optical parametric amplifier (Opera, Coherent) and a
small portion of (∼7%) 800 nm output in a BBO crystal. The
absorption variations were probed with a white light continuum from
430 to 750 nm generated by attenuating and focusing an 800 nm pulse
into a 1 mm thick sapphire window. The pump and probe beam
diameters at the sample were 300 and 150 μm, respectively. The probe
beam after passing the sample was collimated and focused into a fiber-
optics-coupled multichannel spectrometer with complementary metal-
oxide semiconductor (CMOS) sensors and detected at a frequency of
1 kHz. The pump beam was chopped with a synchronized chopper to
500 Hz. The changes in absorbance for the pumped and unpumped
samples were calculated. Cuvettes of 1 mm size were used for all
spectroscopy measurements. The instrument response function (IRF)
of this system was measured to be ∼150 fs by measuring solvent
responses under the same experimental conditions.
Atomic Force Microscopy (AFM). The AFM images were

obtained either in tapping mode in air on a Veeco atomic force
microscope (Dimension 3000) or in a fluid using a Bruker MultiMode
8 atomic force microscope (Bruker, USA) operated in the PeakForce
quantitative nanomechanical mapping (PeakForce QNM) mode. In
the former measurements, etched Si tips (FM-20, Nanoworld) with a
force constant of 2.8 N/m and resonance frequency of 75 kHz were
used. The tip scanning was operated at 2 Hz. In-fluid measurements
were carried out with two silicon nitride probes (Models: ScanAsyst
Fluid, Bruker, 0.7 N/m, 20 nm tip radius; DNP S10, Bruker, 0.24−
0.35 N/m, 10 nm tip radius) at a scan rate of 1 Hz and a resolution of
512 pixels × 512 pixels.
To prepare lipid assemblies suitable for in-air AFM scanning, a

modified assembling procedure was followed. First, an alkanethiol self-
assembled monolayer (SAM)/lipid hybrid bilayer17 formed on 10 nm
gold-coated glass slides (Sigma-Aldrich) was used as the base layer. To
start, these slides were treated with a piranha solution (concentrated
H2SO4 to 30% H2O2, 3/1, v/v) for 3 min, thoroughly rinsed with DI
water, dried under argon, and were then incubated in 1 mM 1-
dodecanethiol in ethanol overnight. The excess thiol was removed by
rinsing the substrate with ethanol and DI water and finally dried with

argon. To form the hybrid bilayer, a liposome solution (DOTAP/
DOPC, 2/8 in mole fraction) of suitable concentration was added
onto the SAM and incubated for 2 h. The unbound liposomes were
removed. To afford the final two-layer lipid structure, an anionic
liposome (10% DOPC/20% DPPG/70% DPPC, in mole fraction) was
added onto the hybrid bilayer and incubated for 1 h. The unattached
liposomes were once again removed by thorough buffer exchange. To
further stabilize the final lipid assemblies, thus-prepared samples were
fixed in a mixture of 4% paraformaldehyde and 1% glutaraldehyde in
DI water for 1 h. The fixative solution was subsequently exchanged out
by DI water. Right before an AFM measurement, the remaining water
covering the lipid complexes was gently blotted away with a paper
towel.

Lipid samples probed in a fluid were prepared on glass substrates,
similar to the procedure described above. Briefly, glass cover slides
(Corning, USA) were first sonicated in acetone for 5 min, rinsed with
DI water, and then boiled in the base piranha solution (NH3·H2O/
30% H2O2/DI water, 1:1:5, v/v) for 30 min. After being rinsed with
DI water again and dried with nitrogen, these glass substrates were
mounted onto the magnetic sample support disks of the microscope
with a double-sided adhesive tape. From there, the first cationic lipid
bilayer on glass was prepared by adding a suitable amount of DOTAP/
DOPC liposome solution (2/8, in mole fraction) onto the glass
substrate followed by a 2 h incubation. After the removal of the
unbound liposomes, the resulting lipid bilayer was further incubated in
the second, anionic liposome solution (Rho-DPPE/DPPG/DPPC, 5/
15/80, in mole fraction) for 1 h. The unbound liposomes were
similarly removed by buffer exchange. Thus-prepared lipid structures
were transferred onto the microscope scanning stage and assembled
with a fluid cell (Bruker) to give a sealed and aqueous-immersed
scanning environment.

The control AFM measurement shown in Figure S1C was carried
out by dewetting18 the as-deposited lipid assemblies. To do this, lipid
samples were briefly exposed to air by draining the HEPES buffer
solution covering the samples from the fluid cells, which were
immediately refilled with the same buffer to rehydrate the samples.
Thus-treated lipid samples were then similarly probed by AFM in a
fluid as described above.

Photoelectrochemical Measurements. The photoelectrochem-
ical measurements were carried out in three-electrode Teflon
photoelectrochemical cells consisting an ITO substrate covered with
lipid nanoassemblies as the working electrode, a Pt wire as the counter
electrode, and Ag/AgCl (in saturated KCl) as the reference electrode.
All photocurrents were generated and collected under cell open-circuit
potential conditions without an extra potential bias. For photocurrent
generation, 50 mM ascorbate in HEPES buffer (10 mM HEPES, 100
mM NaCl, pH 7.70) was employed as the sacrificial electron donor.
Oxygen in the cell was depleted by an enzymatic method reported
elsewhere.7,19 To obtain photoaction spectra, photocells containing
different lipid structures were illuminated with a 150 W xenon lamp
(Ushio, Japan) whose wavelength selection was realized using a
computer-controlled fluorescence spectrophotometer (RF-5301, Shi-
madzu, Japan). The resulting photocurrent was recorded on a PC-
controlled potentiostat (CHI 910B, CH Instruments). The photo-
action spectra reported in the main text have been corrected for
nonuniform spectral distribution of excitation in 5 nm intervals using a
silicon photometer (PM120, Thorlabs). The photon-to-electron
quantum conversion efficiency (QE) was calculated at a maximum
absorption wavelength of Rho-DPPE (λm = 575 nm) using the
equation, Φ = (i/e)/[(Wλm/hc)(1 − 10−A)], where i is the measured
photocurrent, e is the elementary charge, W is the light power at λm, h
is Planck’s constant, c is the light speed, and A is the absorbance of
Rho-DPPE at λm in the final lipid assemblies.

■ RESULTS AND DISCUSSION

System Design. To capture the essence of the layered
organization and energy flow in GSB, we designed a two-tier
lipid nanoassembly, in which a layer of anionic unilamellar
liposomes (average size: ∼80 nm) is electrostatically held on a
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positively charged lipid bilayer (Figure 2B). At the beginning of
this investigation, lipids comprising all-saturated C16 chains,
such as DPPC and 1,2-dipalmitoyl-sn-glycero-3-phosphoglycer-
ol (DPPG), were used to form the liposomes at the top. For the
bottom lipid bilayer, unsaturated DOPC and cationic DOTAP
were used. To provide light-harvesting capability to the lipid
assembly, 5 mol % Lissamine rhodamine B conjugated to the
phosphoethanolamine lipid (Rho-DPPE) was also incorporated
into the top liposomes. Considering the ideal case in which
lipids and dyes were symmetrically distributed between two
identical leaflets of a spherical liposome, a loading of ∼3 × 103

rhodamines per liposome can be estimated.20 Finally, to
facilitate directional charge separation and electron transfer,
5% fullerene C60 molecules as electron acceptors were further
assembled into the underlying lipid bilayer.7 These super-
complexed lipid nanoassemblies were formed on either glass or
ITO surfaces, and in the latter case, photocurrents can be
directly generated and followed.
AFM of Lipid Deposits. Electrostatic deposition of charged

liposomes on solid-supported lipid bilayers has been inves-
tigated previously,21−23 and the fact that no single final
deposited structure emerges from these studies points to the
complexity of such processes. Depending on the type of lipid,
charge density, and other experimental variables (e.g.,
deposition time) employed, oppositely charged liposomes and
bilayers may interact differently or to a different degree, giving
rise to one or several distinct end features: intact liposomes on
a lipid bilayer, lipid multilayers, and partial lipid exchange
between the supported lipid bilayer and free liposomes.21−23

Although the first two cases produce morphological changes
that can be identified by AFM, the detection of the third case
requires other techniques such as fluorescence microscopy
(next section).
As our initial attempt to unravel the morphology of

electrostatically held lipid complexes, we used AFM to probe
such assemblies in air. To maintain and reinforce the structure

thus formed in solution, the samples were first fixed with
paraformaldehyde and glutaraldehyde before being exposed to
air (see the Experimental Section). Besides the consideration
on the relative ease of handling dry samples by AFM, the
fixation step structurally locks everything in place and thus
stops the deposited features from undergoing further
morphological evolution. One such snapshot is shown in
Figure 3A, revealing that individual liposomes can be deposited
on a lipid bilayer in high density following our procedure.
Although the measured average diameter of the liposomes is in
line with that expected of the preparation, the height of these
deposited features is much smaller: 5−15 nm. This deformation
of spherical liposomes upon deposition and exposure to air very
likely results from the alteration of forces, for example,
electrostatic and hydration forces, experienced by each particle
and in addition reflects the mechanical strength and
conformability of cross-linked lipid bilayers.
We next moved to AFM measurements of aqueous-

immersed lipid assemblies. Because these samples are prepared
under conditions close to those employed in photocurrent
generation (see the Experimental Section), that is, lipid
composition and the microenvironment in which the lipid
deposits are surrounded, images obtained here unveil the
morphology of the latter more accurately. To our initial
surprise, these measurements yielded features quite different
from those collected in air. One representative image, shown in
Figure 3B, discloses irregular-shaped lipid micropatches of 8−9
nm thickness, whose edges are occasionally decorated with
particles sticking out 10−20 nm farther. These features indicate
that the electrostatic interaction between the two lipid subunits
causes large-scale liposome rupturing and spreading on the lipid
bilayer, resulting in lipid multilayer formation and liposome
adsorption. From time to time, smooth and almost featureless
images were also obtained (Figure 3C), which may result from
(1) the uneven distribution of lipid deposits and the limited
area sampled by the AFM and (/or) (2) the rigid AFM tip

Figure 2. Main lipid components employed (A) in the formation of lipid-assembled photosynthetic mimics, which feature rhodamine and fullerene
C60 assembled in a liposome-on-lipid bilayer two-tier nanoassembly (B) bound electrostatically.
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pushing and distorting relatively soft lipid structures during
scanning. It should also be noted that Figure 3B,C was obtained
with liposomes containing an identical composition as that used
in the photocurrent generation, including 5% Rho-DPPE.
When the dye was omitted in the preparation, the most
frequently encountered images recorded both individual
liposome deposition and lipid spreading/fusion (Figure 3D).
The height of micropatches obtained in this case is ∼4 nm,
which should correspond to a single lipid bilayer. This is very

different from Figure 3B, where the micropatches are twice as
thick on average, pointing to a plausible role of 5% Rho-DPPE
in modifying the final structure. Taken together, these results
provide us the first confirmation in this study that electrostatic
interaction can be used to organize multiple lipid nanostruc-
tures into layered architectures.

Fluorescence Imaging. Imaging thus-formed lipid assem-
blies with confocal fluorescence microscopy further reveals that
this protocol affords high-density liposome deposition across a

Figure 3. Structure of liposomes electrostatically deposited on lipid bilayers as probed by AFM. The image in (A) was obtained by scanning
chemically fixed lipid assemblies in air on gold, whereas images (B)−(D) were lipid assemblies supported on glass and immersed in fluid (10 mM
HEPES, 100 mM NaCl, pH 7.70). The height profiles shown at the bottom are obtained from line scans marked by the dashed lines in the
corresponding images. Lipids employed to prepare liposomes: (A) DOPC/DPPG/DPPC (1/2/7 in mole fraction), (B) and (C) Rho-DPPE/
DPPG/DPPC (5/15/80), and (D) DPPG/DPPC (2/8). The bottom lipid bilayer contains DOTAP/DOPC (2/8) in all cases. See the Experimental
Section for more details.
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large surface area (Figure 4). Here, the most abundant
fluorescent spots are formed by micron-sized lipid deposits,

which should correspond to those micropatches resolved by
AFM. Besides these prominent features, importantly, there
exists a relatively uniform fluorescent background in all
obtained images. As it is evident from Figure 4B, this
fluorescence intensity is distinctly higher compared to the
control dark background, where the lipid deposits are
specifically removed by scratching. Because the AFM resolves
only one major feature above the ground floor (i.e.,
micropatches) and the fluorescent Rho-DPPE is initially
incorporated only into the liposomes to be deposited, this
background fluorescence strongly suggests that lipid exchange
has occurred between oppositely charged liposomes and the
lipid bilayer during deposition.
Steady-State and Time-Resolved Fluorescence Spec-

troscopy. To assess the energy flow among rhodamine dyes
and their electronic communication with fullerenes embedded
in the lipid bilayer, we next characterized these layered lipid
nanoassemblies using steady-state as well as time-resolved
fluorescence spectroscopy. From steady-state fluorescence
emission spectra, it was first found that the presence of 5%
C60 in the bottom layer led to a 75% quenching of fluorescence
emission from 5% Rho-DPPE in the DPPC/DPPG liposomes
deposited atop (spectra in black and green, Figure 5 inset).
Using time-resolved fluorescence spectroscopy, we further
determined that the rhodamine sample without C60 coas-
sembled and displayed two lifetimes at 0.73 and 2.41 ns, with
amplitude weights of 62 and 38%, respectively. The lifetime of
the long-lived component is close to the lifetime observed from

the same dye/lipid conjugate via homogenous emission,24

whereas the short-lived component most likely arises from self-
quenching25,26 among the high-concentration and randomly
distributed rhodamines existing in the gel-phase liposomes.
Indeed, when the same sample was probed in the form of
liposome suspensions instead of surface-deposited films, a
single fluorescence lifetime of 0.79 ns was resolved. This result
indicates that rhodamines exist in a relatively homogenous
microenvironment in aqueous-dispersed liposomes and the dye
loading in liposomes is high enough to induce global self-
quenching. This lifetime is clearly of the same origin as the
short component observed from the deposited sample, whereas
their difference should result from changes in the liposome

Figure 4. Fluorescence micrographs of rhodamine-labeled liposomes
electrostatically deposited on an oppositely charged lipid bilayer
supported on glass. Liposomes used: (A) Rho-DPPE/DPPG/DPPC
(5/15/80) and (B) Rho-DPPE/DPPG/cholesterol/DPPC (5/15/30/
50). White arrows in (B) point out the two passes where lipids were
removed by scratching. The scale bars are (A) 10 and (B) 100 μm.

Figure 5. Steady-state and time-resolved fluorescence emission spectra
of rhodamine assembled in liposome suspensions (A) and the two-
layer lipid nanostructures (B). In (A), the liposomes, containing either
DPPC/DPPG/Rho-DPPE (80/15/5) or DPPC/DPPG/cholesterol/
Rho-DPPE (50/15/30/5), are dispersed in HEPES buffer, and the
final rhodamine concentration is ∼0.5 μM. All samples in (B) contain
5% Rho-DPPE and 15% DPPG in the top liposome layer. The
complexes in addition contain 80% DPPC (black), 50% DPPC + 30%
cholesterol (red), 80% DPPC + 5% C60 (in the bottom layer, traces in
green), and 50% DPPC + 30% cholesterol + 5% C60 (blue).
Exponential fitting curves associated with these decay profiles are
shown by solid white lines embedded. The inset shows the
corresponding steady-state fluorescence emission spectra of the four
lipid deposits, which are color coded the same way. See the
Experimental Section for more details.
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morphology or rhodamine concentration upon deposition.
Furthermore, considering these fluorescence decay behaviors
together with fluorescence imaging data, it seems reasonable to
assign the long decay component (2.41 ns) to be fluorescence
emission by rhodamine dyes transferred from liposomes to the
bottom lipid bilayer or recovered free emission due to dilution
at the top layer. On the other hand, the addition of 5% C60 in
the underlying lipid bilayer caused the otherwise similarly
deposited rhodamines to fluoresce at lifetimes of 0.60 and 2.48
ns. Assuming that photoinduced electron transfer (PeT)
between rhodamine and fullerene is the only additional
pathway competing with fluorescence emission, a PeT rate
constant of 6.1 × 108 s−1 can be obtained from

τ τ= −k 1/ 1/PeT F(C ) F60
, where τ1/ F(C )60

and τ1/ F are the

measured fluorescence lifetime of rhodamine with and without
fullerene, respectively. This rate constant compares well with
those obtained from more frequently investigated porphyrin−
fullerene conjugate complexes,27,28 thus verifying rhodamine
dyes as a capable alternative electron-transfer partner to

fullerene. Together, these spectroscopic results evidence that
an efficient electronic communication pathway exists between
the assembled dye and fullerene populations, which are brought
to close proximity by the electrostatically appressed lipid
nanoassemblies.

TA Spectroscopy Characterization of Liposome
Suspensions. The photodynamics of excited rhodamines in
liposome suspensions were further probed by TA spectroscopy.
As shown in Figure 6A, the TA spectra of rhodamine dyes in
the liposome suspension display a negative absorbance band at
585 nm upon 150 fs pulse excitation, which corresponds to the
ground-state bleaching and subsequent stimulated emission of
excited rhodamine monomers. Concurrently, the TA spectra
also display a positive absorbance band with a maximum at 450
nm, which should result from absorption by the excited-state
rhodamines. Both of these spectral features have been
previously observed for rhodamine dyes in solution or adsorbed
on nanoparticles.29 By fitting the kinetics of these features by

Figure 6. TA spectra of rhodamine in the liposome samples without (A) or with (B) cholesterol coassembled. Both samples contain 5% Rho-DPPE
and 15% DPPG with the remaining portion(s) made up of 80% DPPC (A) or 50% DPPC + 30% cholesterol (B). The time-evolved optical density
profiles at 450 (C) and 585 nm (D) of the cholesterol-containing and cholesterol-free samples are shown by red circles and black squares,
respectively; the solid lines of the same color are the exponential fits of the experimental data.
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exponential functions, one can further determine the excited-
state lifetime: 701 ps (at 585 nm) and 747 ps (at 450 nm).
Photocurrent Generation. As a direct test of the overall

energy/electron transfer efficiency among all assembled
components, these lipid supercomplexes were also wired to
transparent ITO7,30 electrodes to produce photocurrent (see
the Experimental Section). As shown in Figure 7, for the

photocell containing 5% Rho-DPPE in the top liposome layer
and 5% fullerene C60 in the lipid underlayer, the photo-
electrochemical action spectrum tracks closely the electronic
absorption of rhodamine, suggesting that rhodamine is
primarily responsible for the light harvesting and an efficient
PeT process exists between rhodamine and fullerene. The
internal photon-to-electron QE is a very encouraging value of
7.8%. By contrast, photocurrents from cells containing 5%
rhodamine alone are negligible, which indicates that effective
charge separation can be achieved only when a suitable electron
acceptor such as fullerene is also present in the assembly.
Performance Enhancement by Cholesterol. Further

optimization of photoconversion efficiency has uncovered an
intriguing role of the lipid matrix in influencing the distribution
and organization of dyes in liposomes, which can significantly
impact the ET dynamics and thus the performance of these
lipid-assembled systems. Strikingly, when 30% cholesterol was
added into the liposomes to replace DPPC, whereas other
components were kept unchanged, the otherwise similarly
configured photocell produced a QE of 14.2% (red trace,
Figure 7 inset).
To rule out the possibility that this enhanced performance is

caused by some trivial mechanisms, for example, the addition of
cholesterol in the top layer, facilitating fullerenes initially
assembled underneath to enter the top layer and thus
improving their electron transfer with rhodamines thereby,
we also carried out additional control experiments. We found
that, when the same amount of fullerenes was directly
assembled into the liposomes (i.e., together with rhodamine
and cholesterol) instead of the underlying lipid bilayer, the
obtained QE was only 7.3%. This result, therefore, rejects the
possibility of relocation of fullerenes (caused by cholesterol) as

the main mechanism of the observed enhancement. The
significant difference in efficiency between these two cells
highlights the delicacy of organizing an electron donor/
acceptor into desired positions to achieve optimal performance
and in addition suggests that rhodamine and fullerene remain
largely associated with their lipid hosts during the photocurrent
generation process. The latter conclusion was also reached in
our previous study, where the same amphiphilic fullerene as
used here was found to be able to maintain its position within
individual leaflets (i.e., upper vs bottom half) comprising the
same lipid bilayer.31

Cholesterol-Containing Systems: Fluorescence Imag-
ing and AFM Characterization. To understand the under-
lying enhancement mechanisms, we next examined the
liposome suspensions as well as liposome-on-bilayer assemblies
containing cholesterol using AFM and various spectroscopic
techniques. By comparing these with cholesterol-free samples,
we hope to identify morphological and spectroscopic finger-
prints that can be associated with the presence of this species in
the lipid complexes.
Under the confocal fluorescence microscope, the electro-

statically bound liposome (with 30% cholesterol)/lipid bilayer
assemblies appear similar to their cholesterol-free counterparts,
featuring micron-sized lipid deposits dispersed in a common
fluorescence background (Figure S1A). This similarity is not
unexpected as cholesterol, a neutral species, would not directly
participate in the interaction process between oppositely
charged lipids. On the other hand, our AFM measurements
on cholesterol-containing deposits almost exclusively return
images with no apparent featuressimilar to Figure 3C. Only
once out of about a dozen attempts were we able to resolve
additional features on top of the flat background, which in this
particular case suggests a deposition process based on intact
individual liposomes (Figure S1B). Besides factors already
mentioned, such as the uneven distribution of lipid deposits
and the limited areas probed by the AFM, the elusiveness of
well-resolved cholesterol-containing structures may be because
of the fact that cholesterol can significantly increase the
fluidity32 of the liposome lipid matrix, which is composed of
lipids with all-saturated C16 chains. As such, these softened
lipid deposits tend to be pushed aside by the AFM tip more
easily during scanning and therefore are not captured in the
final images. In a separate control experiment, finally, we also
confirmed that these featureless samples are nevertheless
covered by a lipid bilayer (Figure S1C).

Cholesterol-Containing Systems: Spectroscopic Char-
acterization. Further spectroscopic characterization of rhod-
amine dyes in liposomes coassembled with cholesterol reveals
several important new features. The first piece is from the
ground-state absorption spectroscopy, where rhodamine dyes
in the cholesterol-containing liposomes display a significantly
intensified shoulder peak at the expense of the main 0−0
transition (red trace, Figure 7). An 8 nm shift toward the
shorter wavelength can also be clearly discerned. In TA
spectroscopy, the same sample displays an additional negative
absorption band at 555 nm, which is absent for the liposome
sample containing the same amount of rhodamine but no
cholesterol (Figure 6B). The influence of cholesterol on the
photodynamics of coassembled rhodamines is clearly evident by
following the decay/recovery of these absorption maxima over
time (Figure 6C,D). At 585 nm, a lifetime of 701 ps for
rhodamines in cholesterol-free liposomes was found, whereas
two time constants of 41 and 391 ps were obtained for the

Figure 7. Absorption spectra of 5 mol % Rho-DPPE in liposomes in
the presence (in red) or absence (in gray) of 30 mol % cholesterol.
The rhodamine concentration in both samples is approximately 5 μM.
The trace shown in solid circle is the corresponding photoaction
spectrum of the cholesterol-free sample. Inset: photoaction spectra of
lipid-assembled rhodamines/fullerenes with (in red) or without (in
black) cholesterol; coordinates are identical to the main plot.
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same dye in cholesterol-coassembled liposomes. Likewise, the
lifetimes of the rhodamine dimers as judged by the absorbance
change at 555 nm are found to be 302 ps. A similar trend is also
obtained by fitting the data at 450 nm: 747 ps (no cholesterol)
vs a much shorter 127 ps when cholesterol is coassembled. On
the other hand, by probing the same liposome samples with
time-resolved fluorescence spectroscopy, we identified a single
fluorescence lifetime of 0.79 ns for the cholesterol-free sample
and two lifetimes at 0.21 and 2.05 ns for the cholesterol-
included sample. These time constants are in general agreement
with those found by the TA spectroscopy, whereas the
discrepancies are likely caused by the different time resolution
and experimental setup, for example, the probed time window
and photoexcitation conditions, between the two techniques.
When these cholesterol-containing liposomes are further

deposited on a solid-supported lipid bilayer via electrostatic
interactions, the photodynamics displayed by the coassembled
rhodamines changed once again. Here, a single-component
fluorescence lifetime of 1.60 ns was observed when the bilayer
contained no electron-accepting fullerenes, whereas for the lipid
complex with fullerene incorporated, the lifetime of the
fluorophore was drastically shortened to 0.41 ns (amplitude-
weighted average of two components). From these data, one
can again estimate the rate constant of the competing PeT
process, 1.9 × 109 s−1, which is more than two times faster
compared to that of the cholesterol-free supercomplex. All
photoelectrochemical and spectroscopic data associated with
these two lipid complexes are summarized in Tables 1 and 2.
Cholesterol-Containing Systems: Discussion on En-

hancement Mechanisms. How could the simple addition of
cholesterol boost the photoconversion efficiency by >80% in
these lipid supercomplexes? To answer this question, it is
necessary to first delineate the relevant biophysical functions of
this important molecule in biomembranes. A ubiquitous
functional and structural component in biomembranes,
cholesterol may contribute to the enhanced performance
through several closely related mechanisms.32−34 Structurally,
cholesterol features a rigid four-member fused ring connecting
a hydroxyl group and a relatively flexible C6 hydrocarbon chain
at its distal ends (Figure 2A). This arrangement renders the
overall molecule amphiphilic35 and an end-to-end length of
about 2 nm when fully extended,36 that is, about half of the
thickness of a typical lipid bilayer. When juxtaposed with
phospholipids, cholesterol forms hydrogen bonding with the

latter37,38 (i.e., between its OH group and the sn-2 carbonyl/
phosphate oxygen of the latter), and its hydrocarbon portion is
further associated with the acyl chains of the phospholipids via
hydrophobic/hydrophobic interactions in both leaflets of the
bilayer. Thanks to these specific interactions, cholesterol tends
to insert into a lipid bilayer with a preferential orientation and
at a fixed depth and in so doing can occupy biomembranes in
very high concentrations, for example, ∼50% in red blood
cells.33 Compared to typical phospholipids, moreover, choles-
terol is compact in size and dissimilar in geometry, that is, a
small hydrophilic OH headgroup relative to its hydrocarbon
backbone. Broadly speaking, it is this unique combination of
complexing ability and structural mismatch with phospholipids
that renders cholesterol the universal molecular wedge/filler
inside lipid membranes. As such, it modifies the ordering,
packing density, and distribution of neighboring phospholipids,
thereby impacting the physical and mechanical characteristics of
the lipid membrane at a macroscopic level.33,34 Naturally, such
modification effects come about in a lipid-, concentration- and
temperature-dependent fashion. If the lipid bilayer is fluidic and
disordered at room temperature to start with, for example,
based on lipids with unsaturated acyl chains such as DOPC
(18:1, two identical C18 chains with one double-bond each,
phase-transition temperature, Tm, at −17 °C), adding
cholesterol will increase the order of lipid organization,
condense the lipid matrix, and thus lower the fluidity of the
resulting membrane.39,40 On the contrary, for a bilayer existing
in the ordered gel phase at room temperature, for example,
DPPC (16:0, Tm = 41 °C), incorporating cholesterol will not
only increase the lipid ordering further but also help to break
up the rigid lipid network, thus producing a more fluidic lipid
bilayer.41,42 In both cases, such ordering/condensing effects
kick in first locally at low cholesterol concentrations, which
effectively generate heterogeneity within the lipid matrix and
hence phase separation.43−45 Conceivably, as cholesterol
interacts with different lipids (with various headgroups and
acyl chains) differently and such interactions are also
concentration dependent, the phase behavior of multi-
component lipid matrices can be quite complex.46

Back to our system and consider the rhodamine-assembled
liposome suspensions first. Due mainly to the common 16:0
chains, Rho-DPPE lipids distribute homogeneously in the gel-
phase DPPC/DPPG matrix47 at room temperature.51 At a high
dye loading of 5%, rhodamines in the same liposome host are

Table 1. Excited-State Lifetimes of Rhodamines Assembled in Liposomes as Probed by Time-Correlated Fluorescence Single-
Photon Counting (TCSPC) and TA Spectroscopy

excited-state lifetime (ps)b

lipid composition fluorescence lifetime (ns)a 585 nm 450 nm 555 nm

Rho-DPPE/DPPC/DPPG: 5/80/15 0.79 701 ± 18 747 ± 25
Rho-DPPE/DPPC/DPPG/Chol: 5/50/15/30 2.05 (41%), 0.21 (59%) 41 ± 5; 391 ± 29 127 ± 13 302 ± 12

aData obtained from TCSPC measurements. bData obtained from TA measurements. See also Figures 5 and 6.

Table 2. Spectroscopic and Photoelectrochemical Characteristics of Rhodamines Assembled in Various Lipid Supercomplexes

lipid composition in the top liposome layera fluorescence lifetime (ns)b kPeT (s−1) photoconversion QE (%)

Rho-DPPE/DPPC/DPPG: 5/80/15 0.73 (62%), 2.41 (38%)c

(0.60 (92%), 2.48 (8%))d 6.1 × 108 7.8 (±0.6)e

Rho-DPPE/DPPC/DPPG/Chol: 5/50/15/30 1.60c

(0.26 (90%), 1.75 (10%))d 1.9 × 109 14.2 (±0.6)
aAll bottom lipid bilayers contain DOPC/DOTAP in an 80/20 mixing ratio with/without five additional fractions of C60.

bData obtained from
TCSPC measurements. cMeasured with dye alone. dWith C60 coassembled.

eStandard deviation, n = 3.
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placed within a direct electronic-coupling distance with their
neighbors. However, because all three lipids still maintain
freedom to rotate about the bilayer normal,33 there exists no
apparent order in relative orientation among rhodamines, and
as a result, such a coupling only leads to destructive self-
quenching via ET between excited- and ground-state dyes. This
is first evidenced by a single fluorescence lifetime (0.79 ns) that
is much shorter than that of free-emitting individual dyes, for
example, ∼2.4 ns. When 30% cholesterol is included in the
DPPC/DPPG (50/15%) liposomes, the pure gel-phase matrix
of the latter is partially replaced by a new liquid-ordered phase
modulated by cholesterol, resulting in two-phase coexis-
tence.52,53 Of the two, the coassembled rhodamine prefers
the new phase, which may be driven by its direct participation
in the hydrogen-bonding network. In a fluorescence lifetime
imaging microscopy study of DPPC/cholesterol vesicles, de
Almeida et al. previously identified a preferential partition of
rhodamine conjugated to dioleoylphosphatidylethanolamine
(DOPE, 18:1) into the liquid-ordered phase over the gel
phase.54 Without the double bonds disrupting the association
among lipid hydrocarbon chains in the present system, this
preferential partition is expected to be even stronger. This
produces two net effects: clustering of dyes in the cholesterol-
rich domain and a concentration decrease of dyes remaining
associated with the gel phase (Figure 8). Situated in different
microenvironments, the photodynamics of these two rhod-
amine populations diverge. For those dyes existing in the gel
phase, a lower concentration means greater dye-to-dye
separation and less coupling and self-quenching; therefore,
their fluorescence lifetime recovers and approaches that of
undisturbed emission from individual dyes. In comparison, the
situation is more complex for those rhodamines in the liquid-
ordered phase. Here, the dyes are not only crowded (hence a

shortened dye-to-dye distance) but, because the presence of
cholesterol further reduces the tilting of lipids versus the bilayer
normal and hence the cross-sectional area occupied per
lipid,33,34,42−44 it also modifies the relative orientation of
transition dipoles among rhodamines. As a result, these dyes
respond to the light excitation collectively, producing exciton
states that display very different photodynamics compared to
those of individual dye molecules.
The spectroscopic evidence presented above directly points

to exciton formation in dye aggregates when cholesterol is
coassembled in these lipid nanoassemblies. In particular, the
shoulder peak observed in both steady-state and TA spectra
only when cholesterol is present can be attributed to rhodamine
dimer formation, which has been observed previously in several
types of rhodamine dye aggregates.55−57 Combining this feature
with the blue-shifted 0−0 absorption band, it can be further
deduced that the cholesterol-coassembled rhodamines belong
to the weakly coupled exciton characteristic of H aggre-
gates,58,59 that is, with the dye transition dipoles arranged in
parallel. Considering the facts that the transition dipole of
rhodamine oscillates along the long axis of the molecule defined
by the xanthene backbone51,60 and a large distance (i.e., >4 nm)
separates dyes occupying the opposite leaflets of the liposomal
bilayer, this effective dimerization most likely results from an
enhanced alignment of rhodamines within the same leaflet as
cholesterol orders the neighboring lipids and limits their
rotation therein. Consistent with this two-population analysis,
the rhodamine/cholesterol-coassembled liposomes fluoresce in
two lifetimes: 2.05 and 0.21 ns. The latter component may
result from the faster ET between rhodamine monomers and
dimers. Here, it is important to note that such a short
fluorescence/excited-state lifetime cannot be obtained simply
by crowding the rhodamines without cholesterol. As shown in

Figure 8. Cartoon depiction of cholesterol-induced phase separation (gel vs liquid-ordered phase) in liposomes and the clustering of rhodamine dyes
in the cholesterol-rich liquid-ordered phase. Objects are color coded in terms of lipid composition; red dots represent individual rhodamine
molecules. These drawings grant no information regarding the dye cluster size, distribution, or number of dyes per cluster in liposomes.
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Table S1, when the dye concentration in liposomes was
systematically increased, a monotonous decrease in the
fluorescence lifetime was obtained, again because of greater
self-quenching at higher concentrations. Of all concentrations
examined, however, the rhodamines fluoresce in a single
population. Even at an extremely high dye loading of 40%, the
obtained lifetime remains significantly longer than that of
cholesterol-containing samples, pointing once again to the
critical roles of this species.
Complexing these liposomes with a solid-supported lipid

bilayer further modifies the organization and lipid micro-
environment in which the rhodamines reside and hence their
photodynamics. As clearly evident from Figures 3 and 4, the
electrostatic interaction between these two lipid assemblies
causes the liposomes to rupture and spread on the oppositely
charged bilayer, producing multilayer lipid micropatches.
Accompanying this morphological transition, there is also
lipid transfer, which can occur as soon as the liposomes start
landing on the solid-supported bilayer. For the rhodamines
assembled in DPPC/DPPG liposomes, this transfer process
brings a new population of dyes into the bottom bilayer, which
fluoresces relatively undisturbed, that is, 2.41 ns. For those dyes
that remain associated with the original host, the fluorescence
lifetime is almost unchanged: 0.73 vs 0.79 ns in suspended
liposomes. In striking contrast, when liposomes containing 30%
cholesterol were similarly deposited, only a single fluorescence
lifetime of 1.60 ns was found. Because the fluorescence imaging
identifies two dye locations (Figures 4B and S1A), that is, in the
bilayer and micropatches, similar to cholesterol-free assemblies,
this single-component emission suggests improved electronic
communication among rhodamines as a result of their
rearrangement upon lipid deposition. As mentioned above,
cholesterol can order and condense both fluidic/disordered and
gel/ordered lipid bilayers, leveling the fluidity and mechanical
strength of the resulting membranes. When cholesterol-
containing liposomes are being deposited on the solid-
supported bilayer, not only will cholesterol enter the bilayer,
but it will also facilitate the transfer of all other species in both
directions. This large-scale transfer and mixing of lipids
effectively demolishes the phase segregation in the liposomes,
resulting in homogenization of dyes throughout the assembled
network (Figure 8). In comparison, such a transfer would be
considerably weaker in the absence of cholesterol because of
mismatches in phase and mechanical characteristics between
the two lipid nanoassemblies.
Finally, when the electron-accepting fullerene is also

incorporated, the photodynamics of rhodamine dyes coexisting
in the system change yet again as a result of PeT between the
two. This efficient process opens up another energy-dissipation
channel to the photoexcited dyes, which produces a shortened
fluorescence lifetime accompanied by a low-population (∼10%)
long-lived component in both cases (Table 2). Interestingly,
the latter component is even slightly longer than that observed
in the corresponding fullerene-free lipid complexes, which
indicates that the PeT process engages the majority but not all
of the dyes. In consequence, for those rhodamines whose
excited states elude direct electronic communication with
fullerenes, their fluorescence emission recovers as the PeT
relaxes their coupling with other dyes. One plausible assign-
ment for such is the dye population located within liposomes
decorating the edge of lipid micropatches (Figure 3B,D), which
is separated the furthest from fullerenes embedded in the lipid
bilayer underneath. Strikingly, with every other component/

factor held identical, the lipid complex with 30% cholesterol
displays a PeT rate constant two times faster than that of the
corresponding cholesterol-free system, which underpins the
higher photoconversion efficiency observed in the former
(Table 2). This result once again supports the notion that
cholesterol can significantly enhance the electronic communi-
cation among rhodamine dyes coassembled, inducing the latter
to behave collectively within the same supramolecular network.
Throughout this network, this exciton-based transfer mecha-
nism supersedes Förster-type energy hopping among individual
dyes,61,62 facilitating a more efficient delivery of the harvested
light energy to the charge-separation sites. Another potential
contributor to the enhanced performance may be the
condensed and more ordered medium, which would benefit
the ET processes by lowering the extent of energy loss due to
vibrations, that is, the electron−phonon coupling,63,64 within
the lipid matrix. A good number of recent investigations have
highlighted the general occurrence of exciton formation2,61 in
photosynthetic complexes, which nature employs to fight off
energy losses due to electron−phonon coupling and disorders
in soft protein matrices. By this mechanism, for example, a
higher level of coherence of excited states is achieved in the
FMO protein,65 and additional quantum-mechanical states are
activated for ET and trapping in purple bacteria.66

It is also important to note that the differences observed in
the absorption spectra are absent in their corresponding
photoaction spectra. As shown in Figure 7 inset, the lipid
deposits with/without cholesterol display essentially identical
photoaction profiles, that is, the peak position and relative
intensity, despite that the photocurrent is more than tripled in
the cholesterol-containing samples. These results indicate that,
instead of the exciton states, it is the same first singlet excited
state (S1) of individual rhodamines that is directly responsible
for the charge separation in both complexes. To account for
this seemingly surprising disparity, one needs to realize the fact
that only those dyes situated within the bilayer are close enough
to the bilayer-embedded fullerenes to directly participate in the
electron transfer with the latter. Although exciton formation
speeds up ET within the cholesterol-containing deposits, the
harvested light energy has to be first funneled to and collected
by these interfacial rhodamines, and the subsequent charge
separation events take place primarily between individual
electron donors and acceptors. Thus, similar to their natural
counterpart, for example, BChl pigments in GSB (Figure 1),
these lipid-assembled rhodamine dyes can carry out either ET
or charge separation depending on their location and
surrounding partners in the photosynthetic machinery.

■ CONCLUDING REMARKS
Following nature’s lead, we have developed multilayer lipid-
assembled supercomplexes to mimic key steps in photosyn-
thesis. Efficient PeT is identified between rhodamine and
fullerene, which adds this class of dyes into the repository of
small-molecule organic photovoltaics. The remarkable possi-
bility of using a lipid matrix to improve photoconversion
efficiency is further demonstrated by cholesterol, whose
addition triggers exciton formation that leads to faster ET in
these lipid nanoassemblies. Our approach should be immedi-
ately useful in designing new models to study the photo-
dynamics of dye aggregates under quasi-natural settings.
Constructed right, these systems should even be able to host
or interface with natural photosynthetic components to
interrogate photoelectrochemical properties of the latter or to
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form hybrid photoconverting devices. Possibilities to further
enhance the functionality and performance of these lipid-
assembled supercomplexes are equally exciting. For instance, it
should be possible to extend the current design by including
multiple dyes to occupy different locations in the lipid matrix.
Alternatively, additional lipid structures and layers can be
introduced into these lipid assemblies for more efficient light
harvesting and electronic excitation transfer. Some of these
ideas are currently being explored in this laboratory.
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